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Abstract: Although membrane proteins fold and function in a lipid bilayer constituting cell 
membranes, their structure and functionality can be recapitulated in diverse amphiphilic 
assemblies whose compositions deviate from native membranes. It remains unclear how various 
hydrophobic environments can stabilize membrane proteins and whether lipids play any role 
therein. Here, using the evolutionary unrelated a-helical and b-barrel membrane proteins of 
Escherichia coli, we find that the hydrophobic thickness and the strength of amphiphile–
amphiphile packing are critical environmental determinants of membrane protein stability. Lipid 
solvation enhances stability by facilitating residue burial in the protein interior and strengthens 
the cooperative network by promoting the propagation of local structural perturbations. This 
study demonstrates that lipids not only modulate membrane proteins’ stability but also their 
response to external stimuli.  
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Main Text:  
The solvent environment plays a pivotal role in folding and function of proteins (1, 2). In the case 
of water-soluble proteins, the hydrophobic effect provides a critical driving force for folding 
inducing the cohesion of nonpolar residues in the protein interior and the expulsion of solvating 
water molecules to the bulk aqueous phase (3). Involving the collective formation and dismantling 
of ordered hydrogen (H)-bond networks of water, the solvent effect further mediates cooperativity 
in folding and allosteric protein–ligand interactions (1, 4-6). 

In contrast to water-soluble proteins, membrane proteins fold and function in a lipid 
bilayer, which acts as a hydrophobic solvent-like environment in cells. The folding of helical 
membrane proteins can be described using the two-stage model (7). In stage I, transmembrane 
(TM) helices are formed across the bilayer. This stage is primarily driven by the hydrophobic effect 
inducing the burial of nonpolar polypeptide segments and by the favorable formation of backbone 
H-bonds in the nonpolar environment of the bilayer (8, 9). In stage II, the TM helices associate to 
form a compact native structure. Recent studies show that the denatured state ensemble (DSE) 
before the compaction is highly dynamic and rich in conformation: the TM helices can flip across 
the membrane, unfold at the water–membrane interface, or partially associate with one another 
(10-14). Since the hydrophobic effect is weak within the bilayer due to the lack of water, various 
molecular forces can drive this stage, including interhelical van der Waals (vdW) packing and 
polar interactions (15-18), the backbone and side-chain entropies (19, 20), and selective lipid 
binding (21). Membrane properties (e.g., the lateral pressure profile and lipid packing density) and 
membrane deformation caused by the hydrophobic thickness mismatch between the protein and 
bilayer are known to influence oligomerization of large membrane proteins or single-spanning TM 
helices (22-28). Nonetheless, it is not well understood how those effects involving the membrane 
affect the folding of multi-spanning membrane proteins (29-31). 

The lipid composition of cell membranes is enormously heterogeneous and varies across 
species, organelles, the inner vs outer leaflet of the bilayer, and cellular responses to environmental 
stresses (32-34). While some studies suggest the importance of native lipid composition to the 
structure and function of membrane proteins, others point out that the fold and functionality are 
remarkably tolerant to variations in lipid composition and can even be recapitulated in a broad 
range of artificial amphiphilic assemblies (e.g., micelles, bicelles, nanodiscs, liposomes, and 
amphiphilic polymers) whose chemical compositions vastly deviate from the native membranes 
(34-42). Still, there are multiple examples where the structure of a given membrane protein is 
highly sensitive to the choice of an amphiphilic assembly (43, 44). 

The broad spectrum of membrane proteins’ environmental sensitivity raises questions 
about what properties of hydrophobic environments are critical to the conformational stability of 
membrane proteins and whether lipids play any role therein distinguishing them from other types 
of amphiphiles. While recent studies focus on high-affinity, selectively bound lipids on proteins 
(21, 45), the role of low-affinity, “solvating lipids” in the folding and function of membrane 
proteins is largely unknown. Here, we explore the properties of hydrophobic environments that 
impact stage II of membrane protein folding and the effects of lipid solvation on the stability and 
cooperativity of membrane proteins. Cooperativity links the behaviors of distant sites (46) and 
may underlie the function of membrane proteins (e.g., ion channels, receptors, transporters, and 
enzymes) by enabling the propagation of physical or chemical stimuli from one site to another. 
We hypothesize that hydrophobic thickness of a membrane is a minimal requirement to stabilize 
the proteins’ secondary (stage I) and tertiary structure (stage II) and that additional membrane 
properties modulate the strengths of the tertiary interactions and cooperativity. 
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To test this hypothesis, we employed the monomeric six helical-bundle membrane protein 
GlpG of E. coli, a member of the universally conserved rhomboid protease family (47). We 
conducted a comparative analysis on the stability, cooperative network, and solvation dynamics of 
GlpG in two distinct hydrophobic environments widely used for structural and functional studies 
of membrane proteins: bicelles, discoidal bilayer fragments edge-stabilized by detergents, and 
detergent micelles (48-53). For the discovery of membrane properties that are critical to proteins’ 
stability and cooperativity, bicelles are an advantageous model because their physical properties 
can be continuously tuned by varying the lipid content (54-58). In addition, bicelles undergo a fast 
lipid exchange with one another (59), allowing a facile adjustment of the number of solvating 
lipids in response to large conformational changes of proteins such as folding. We further tested 
whether the modulation of stability and cooperativity by membrane properties is a generalizable 
hypothesis, using an evolutionary unrelated b-barrel membrane protein, OmpLA of E. coli. Our 
study reveals the pivotal role of lipid solvation in shaping the folding energy landscape and 
cooperative network of membrane proteins, which may provide a foundational physical principle 
that underlies the folding, function, and quality control of membrane proteins. 
Stability enhancement of the helical membrane protein in lipid-enriched bicelles 

Measuring thermodynamic stability of a helical membrane protein (DGoN-D: the free energy change 
from the denatured to the native state in the membrane) is a daunting task due to the inherent 
difficulty of achieving reversible folding in a lipid environment (31). Here, we overcame the 
challenge using the steric trapping strategy, which capitalizes on the coupling of spontaneous 
denaturation of a doubly biotinylated protein to the simultaneous binding of two bulky monovalent 
streptavidin molecules (mSA, 52 kDa) (Fig. 1A for detailed description) (60-62). This strategy 
allows a thermodynamic analysis of stage II of membrane protein folding under native conditions.  

Our main amphiphilic assemblies under comparison were the neutral bicelles composed of 
zwitterionic 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) and 3-[(3-cholamidopropyl) 
dimethylammonio]-1-propanesulfonate (CHAPS) (q = [DMPC]/[CHAPS] = 1.5) and the neutral 
micelles of dodecylmaltoside (DDM). Cryo-electron microscopic analysis of bicelles without 
protein shows uniform discoidal particles (the average diameter, <d>bicelles = ~90 Å; fig. S1) 
indicating the formation of a lipid-enriched bilayer. DDM micelles have an oblate-spheroidal 
shape that is more globular and smaller than bicelles (<d>micelles = ~60 Å; fig. S1) (63). 

We first validated the steric trapping strategy for measuring the stability of GlpG in 
bicelles. Two double cysteine variants of GlpG were generated and labeled with BtnPyr, the thiol-
reactive biotin derivative with fluorescent pyrene (Fig. 1A) (61), resulting in the double biotin 
variants, 95N172M‒BtnPyr2 and 172M267C‒BtnPyr2 (95, 172, and 267: the positions of engineered 
cysteine residues; N, M, and C: the N-terminal, Middle, and C-terminal helices, respectively, 
where the cysteine residues are located). Thus, GlpG stability was measured at the N- or C-terminal 
half (denoted as N- and C-subdomains) depending on the position of the biotin pair (Fig. 1B) (61). 

To construct the binding isotherm between the double biotin variant of GlpG and mSA, 
native or sterically denatured GlpG in DDM micelles was transferred to bicelles by dilution at an 
increasing concentration of mSADAB-E51S (a mSA variant labeled with a dabcyl quencher which 
has a weaker biotin affinity than WT mSA) (Fig. 1C; fig. S2 and S3). The binding isotherm 
obtained by quenching of pyrene fluorescence from the BtnPyr labels (Fig. 1A and 1D) exhibits a 
tight unhindered first binding of mSADAB-E51S followed by an optimally attenuated second 
binding, the latter of which is expected to be coupled to the denaturation of GlpG. In parallel, the 
proteolytic activity of GlpG was measured as a folding indicator. The activity of GlpG decreased 
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as the concentration of mSADAB-E51S increased and this inactivation phase was consistent with 
the second binding phase (Fig. 1D and fig. S4). Regardless of whether GlpG was initially folded 
or denatured, we obtained the same second binding phase that agreed with the inactivation phase. 
Therefore, the denaturation of GlpG and the second mSA binding were coupled and reversible, 
thereby validating the steric trapping scheme (Fig. 1A). 

We further characterized the conformation of the denature state obtained by steric trapping. 
Upon simultaneous binding of two mSA molecules, the double-biotin variants of GlpG became 
more susceptible to proteolysis by Proteinase K than those without mSA, indicating an increase in 
conformational flexibility and water accessibility (fig. S5). To measure the degree of compactness 
of the denatured state, we used our spin-labeled thiol-reactive biotin label (BtnRG) (Fig. 1E) (61). 
When doubly conjugated to GlpG, BtnRG allows both the trapping of the denatured state by mSA 
and the measurement of interspin distances by double electron-electron resonance spectroscopy 
(DEER) (10, 61). Upon simultaneous binding of mSA, the median interspin distance between the 
BtnRG labels on GlpG increased from 28 Å to 42 Å for 95N172M–BtnRG2 and from 29 Å to 48 Å 
for 172M267C–BtnRG2 (Fig. 1E; table S1). Thus, the TM helices were largely separated in the 
denatured state of GlpG.  

Finally, the fitting of the attenuated second binding phases yielded DGoN-D,bicelleN = –7.1 ± 
0.2 kcal/mol for N-subdomain and DGoN-D,bicelleC = –6.8 ± 0.1 kcal/mol for C-subdomain in bicelles 
(Figs. 1D and 1F; fig. S6). In DDM micelles, the two subdomains exhibit different folding 
properties (Fig. 1F-left) (61). That is, N-subdomain (DGoN-D,micelleN = –5.8 ± 0.2  kcal/mol), whose 
disruption leads to global denaturation, is more stable than C-subdomain (DGoN-D.micelleC = –4.7 ± 
0.1 kcal/mol) which undergoes subglobal denaturation (61). Resultantly, lipid-enriched bicelles 
impacted GlpG stability in two distinct ways compared to micelles: N- and C-subdomains were 
stabilized by –1.3 ± 0.3 kcal/mol and –2.1 ± 0.3 kcal/mol, respectively, and the stability of the two 
subdomains became nearly uniform (|DGoN-D,bicelleN – DGoN-D,bicelleC | = 0.3 ± 0.3 kcal/mol) (Fig. 1F-
right). The stability that we measured directly under native conditions (~–12kBT) is larger than 
that (–6.5kBT) extrapolated to zero force in a molecular tweezer study (64-66), probably due to the 
different conformation and degree of freedom of the denatured states (fig. S7). 

Impacts of the physical properties of amphiphilic assemblies on membrane protein stability 
Next, we tracked down the molecular origin of the stabilization of GlpG in lipid-enriched bicelles. 
As the lipid content (q-value) increases in a bicelle, lipid molecules segregate into the center to 
form a discoidal bilayer while detergent molecules are excluded to the periphery to edge-stabilize 
the bilayer (54, 67). However, the lipid segregation is not complete such that detergents also 
partition into the bilayer, where the extent of partitioning depends on the lipid content (54). Thus, 
by changing the q-value, the physical properties of bicelles can be tuned (54-58, 68), offering an 
opportunity to identify key environmental factors that stabilize a membrane protein. 

To this end, we measured GlpG stability in two different types of bicelles, DMPC:CHAPS 
and DMPC:DHPC (1,2-dihexanoyl-sn-glycero-3-phosphocholine), as a function of lipid content 
(qeff: an effective q-value) (67) (Fig. 2A; fig. S8; Methods). The change in stability was then 
compared to the changes in various physical properties of bicelles, including the disk thickness (L) 
(by small-angle X-ray scattering) (54, 63, 69), the degree of lipid segregation (by the gel–fluid 
phase transition temperature, Tm) (54), and the strength of amphiphile–amphiphile packing (by the 
generalized polarization, GP) (70, 71) (Figs. 2B to 2D; fig. S9). All bicelle parameters were 
measured without GlpG. Thus, the impacts of intrinsic bicelle properties on protein stability were 
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investigated. We note that a fluidic DMPC bilayer provides a close hydrophobic thickness-
matching condition for GlpG (27–29 Å for GlpG vs 24–28 Å for DMPC) (72-74). 

GlpG stability was substantially lower in CHAPS and DHPC micelles (–DGoN-DN = ~3.5 
kcal/mol at qeff = 0) than in DDM micelles (–DGoN-DN = 5.8 kcal/mol) (Fig. 2A). As the lipid 
content increased, the stability in each bicelle type steeply increased surpassing the stability level 
in DDM until the qeff reached 0.6 in DMPC:DHPC or 1.1 in DMPC:CHAPS. As the qeff increased 
further, the stabilities in the two bicelle types converged and then gradually increased together up 
to ~8 kcal/mol. This gradual increase in stability depended only on the lipid content regardless of 
the features of detergents.  

Interestingly, in each bicelle type, the change in GlpG stability as a function of lipid content 
was highly correlated with the changes in all three parameters (L, Tm, and GP) (Fig. 2; fig. S10). 
Similar to stability, those parameters steeply increased in the low qeff ranges (≤0.6 in DMPC:DHPC 
and ≤1.1 in DMPC:CHAPS) (Figs. 2B to 2D) and then saturated or gradually increased close to 
the corresponding values for DMPC liposomes in the higher qeff ranges. Due to the strong 
correlation, it was obscure which parameter dominantly affected GlpG stability. Nonetheless, we 
noticed that DDM micelles provided a better thickness-matching (L = ~40 Å) and stabilizing 
(DGoN-DN = –5.8 kcal/mol) condition for GlpG than the low qeff bicelles (Figs. 2A and 2B), 
indicating a positive correlation between stability and the degree of thickness matching. Although 
stabilizing the protein, DDM micelles had weak amphiphile packing (GP = –0.5) similar to the 
low qeff bicelles (GP = –0.6 to –0.3) (Fig. 2D), indicating a weak correlation between stability and 
the strength of amphiphile packing. Thus, the improved thickness matching between GlpG and the 
bicelle is likely a dominant factor for the steep increase of stability in the low qeff ranges. 

In both bicelle types, the transition from the steep to the gradual increase in stability 
occurred at the qeff values where the Tm exceeded ~10 oC (~0.6 for DMPC:DHPC and ~1.1 for 
DMPC:CHAPS) (Figs. 2A and 2C). This indicates that the lipid segregation and resultant 
formation of a bilayer is critical to GlpG stability. While the disk thickness was saturated near the 
transition qeff values (Fig. 2B), the shallow increases in the degree of lipid segregation and the 
strength of amphiphile packing (~+0.8 oC/qeff for Tm and ~+0.02/qeff for GP, Figs. 2C and 2D) 
noticeably increased stability, accounting for ~25% of the total stability change.  

Taken together, these results demonstrate the remarkable impact of physical properties of 
a hydrophobic environment on membrane protein stability. The thickness-matching between an 
amphiphilic assembly and the native protein has a primary importance to stability. Surprisingly, 
the strength of amphiphile packing, which does not directly involve an interaction with the protein, 
provides an additional layer of stability modulation. Detailed chemical features of constituent 
detergents seems less important in this modulation. The physical parameters of our main bicelles 
(DMPC:CHAPS at q  = 1.5) are similar to those of DMPC liposomes (Figs. 2B to 2D). Moreover, 
the activity of GlpG in lipid-enriched DMPC:CHAPS bicelles surpasses the activity in DDM and 
DMPC:DHPC bicelles, approaching that in DMPC liposomes (fig. S11). Thus, although not 
perfect, our main bicelles reasonably mimic the lipid solvation on the protein in the bilayer.   
Facilitation of residue burial in the protein interior by lipid solvation 

Our main micelles (DDM) and bicelles (DMPC:CHAPS at q = 1.5) have a similar thickness but 
substantially different strengths of amphiphile packing (Fig. 2). We investigated whether those 
features of the hydrophobic environments affect the contribution of individual residue interactions 
to GlpG stability. To this end, 37 residues with various degrees of burial in the protein interior 
were targeted mainly for large-to-small mutation. When all mutation-induced stability changes 
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(DDGoN-D,WT-Mut) measured at N- and C-subdomains (Fig. 3A-left; fig. S12; tables S2 and S3) were 
plotted, the DDGoN-D,WT-Mut values in micelles vs bicelles displayed linear correlation with a slope 
close to 1 (m = 1.1 ± 0.1). This may indicate that individual residue interactions make similar 
contributions to stability in the two distinct hydrophobic environments. 

However, the mutational impacts displayed different environmental sensitivities depending 
on the subdomain at which the stability was measured. That is, while mutations led to a similar 
degree of destabilization of N-subdomain in micelles and bicelles (m = 1.0 ± 0.1) (Fig. 3A-right), 
the same mutations induced the larger destabilization of C-subdomain in bicelles than in micelles 
(m = 1.3 ± 0.1) (p<0.005 from Chow’s test (75), Methods). An in-depth analysis of mutational 
impacts on stability based on the degree of burial of mutated residues provided a clue as to the 
origin of the environmental sensitivity. When the residues completely buried in the protein interior 
were mutated (Fig. 3B-left), the fitted slopes exceeded one (m = 1.2 ± 0.2 in N-subdomain and m 
= 1.7 ± 0.2 in C-subdomain). This tendency was more pronounced in C-subdomain than in N-
subdomain (m = 1.7 vs 1.2) regardless of the position of mutation. This result implies that buried 
residues more favorably contribute to stability in the lipid environment than in micelles. 

The different environmental sensitivity of mutational impacts observed at the two 
subdomains may be attributed to distinct stabilizing motifs. The stability of C-subdomain primarily 
arises from the extended backbone–backbone contact between the conserved Gly-zipper motifs 
(Gly–xxx–Gly–xxx–Gly: Gly can be Ala or Ser, and x is any residue) in TM4 and TM6 (fig. S13; 
Fig. 1B) (61, 76-78). Apparently, the more dehydrated interior of bicelles (Fig. 2D) led to the 
larger stabilization of the weakly polar backbone contacts between the Gly-zipper motifs (79) than 
in micelles, thereby enhancing the stability of C-subdomain (by –2.0 kcal/mol, Fig. 1F; m = 1.7, 
Fig. 3B). On the other hand, the stability of N-subdomain mainly relies on the extensive vdW 
contacts between large aromatic or aliphatic residues (Trp, Phe, Met, Leu, Val, Cys, and Ala) (fig. 
S13). This type of packing likewise induced the larger stabilization of N-subdomain in bicelles 
than in micelles, but to a lesser extent (by –1.2 kcal/mol, Fig. 1F; m = 1.2, Fig. 3B). 

As the degree of exposure of mutated residues increased, the correlation slope 
progressively decreased to m = 0.5 to 0.7 (Fig. 3B) indicating that bicelles attenuated mutational 
impacts on stability compared to micelles. It is surprising that the perturbation of residue 
interactions at the protein surface differently impacts protein stability in different hydrophobic 
environments. This result implies that direct residue-amphiphile interactions are as important as 
residue-residue interactions in the protein interior to stabilizing a protein fold. The lower degree 
of destabilization by mutations at the lipid-contacting protein surface can be explained by either 
of two scenarios: 1) lipids more favorably compensate for the structural defects created by surface 
mutations than detergents, or 2) lipids provide a more adaptable solvation environment such that 
the protein stability in bicelles is less sensitive to the surface mutations than in micelles. Our 
molecular dynamics (MD) simulation supports the latter (see below). 
Strengthening of the cooperative network of the helical membrane protein by lipid solvation 

Are the observed lipid effects on GlpG stability only local to the specific region under investigation 
(i.e., the subdomain or the site of mutation) or do they globally impact the residue interaction 
network? To address this question, we employed our cooperativity profiling analysis allowing us 
to identify whether a given residue is engaged in local or cooperative interactions with its 
surrounding (61). This experimental approach measures the degree of spatial propagation of local 
structural perturbation induced by a point mutation, which is quantified by the differential effect 
of the mutation on the stability of the two subdomains (i.e., DDDGo = DDGoWT-MutN  - DDGoWT-
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MutC) (61). We used four regular cutoff values, DDDGo = –2RT, –RT, +RT, and +2RT (R: gas 
constant; T: absolute temperature) to define the cooperativity profile of each residue (Fig. 3C). 

The cooperativity profiles mapped on the structure of GlpG unveiled distinct types of 
residue interactions, classified as “cooperative” (a mutation similarly destabilizes the two 
subdomains), “localized” (a mutation preferentially destabilizes the subdomain bearing the 
mutation), and “overpropagated” (a mutation on one subdomain induces the larger destabilization 
of the other). In micelles, the cooperative interactions were clustered in multiple regions (Fig. 3C): 
the packing core near the bilayer center (Met100, Cys104, Leu174 and Thr178) (61), and the 
narrow water channel (Ser201, Met249, His150 and Asn154) connected to the catalytic dyad (80). 
Additionally, many residues (Ala253, His254, Tyr260, Gly261, Ala265 and Asp268) at the 
conserved TM4/TM6 interface harboring the catalytic dyad Ser201/His254, respectively, were 
engaged in overpropagated interactions (61).  

Strikingly, the cooperativity map shows a substantially different pattern in lipid-enriched 
bicelles (Fig. 3C). Most of the localized and overpropagated interactions in micelles turned into 
cooperative interactions in bicelles. Resultantly, nearly the entire set of residue-packed regions 
formed a single cooperative unit. The use of the narrower cutoff values (DDDG = –RT, –1/2RT, 
+1/2RT, and +RT) yielded the cooperative clusters resembling those in micelles with the regular 
cutoffs (fig. S14). Thus, the cooperativity profiles in micelles were partially preserved in bicelles. 

This result reveals that the lipid environment stabilizes the intraprotein interaction network 
more tightly than micelles, thereby facilitating the propagation of a structural perturbation 
throughout the protein. Thus, the observed lipid effects (i.e., the stabilization of the subdomains, 
the near-uniform subdomain stability, and the favorable residue burial) likely stemmed from the 
globally strengthened cooperative network of the protein. GlpG catalyzes proteolysis through the 
coordinated motions of multiple structural segments (TM4, TM6, L4, and L5) upon substrate 
binding (81). Remarkably, DMPC:CHAPS bicelles elicited a five-fold increase in GlpG activity 
relative to DDM micelles for both membrane-bound and water-soluble substrates (figs. S11 and 
S15) (82), which may be attributed to the augmented cooperativity in the lipid environment. 

Inefficient solvation of the helical membrane protein by lipids 
To understand the molecular basis underlying the environmental dependence of GlpG stability and 
cooperativity, we carried out all-atom MD simulations of the GlpG–bilayer and GlpG–micelle 
complexes as well as the micelles alone up to 2.3 µs. In the micelle simulations, we chose two 
aggregation numbers of DDM (NA,DDM) per protein, 120 (DDM120) and 150 (DDM150) within 
the experimental range (90 to 150) (fig. S16) (63, 69, 83). Although an analysis of protein stability 
requires the investigation of both the native and denatured states, modeling and efficient sampling 
of the denatured states in atomistic detail are challenging for membrane proteins. Thus, our 
simulation focused on the native structure of GlpG. 

After the conformational equilibration of the protein and amphiphiles was reached during 
simulation (Figs. 4A to 4C), we analyzed the solvation dynamics of amphiphiles (Fig. 4D) by 
calculating the time-dependent contact autocorrelation for the protein–amphiphile and 
amphiphile–amphiphile interactions (Fig. 4E, Methods) (84). The autocorrelation values decayed 
to <1% in all simulations, indicating that the intermolecular interactions involving amphiphiles 
were largely equilibrated during simulation and that DMPC mainly acted as “solvating lipids” 
transiently interacting with the protein. We further obtained the residence times of amphiphiles on 
the protein as well as on themselves (tR: the time at which the amplitude of contact autocorrelation 
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reached 1/e of its initial value). Overall, lipids or detergents resided longer on GlpG (80 ns to 90 
ns) than on themselves (20 ns to 40 ns), indicating a preference of amphiphiles for the protein.  

Based on the residence times and the equilibration of amphiphile interactions, we were able 
to quantify the solvation free energy (DGoSolv = –RT·ln[tR,protein-amphiphile/tR,amphiphile-amphiphile]) per 
amphiphile molecule by scaling the average lifetime of amphiphile–protein contacts with the 
average lifetime of amphiphile–amphiphile contacts in the bulk (Fig. 4E; table S4). We expected 
that a lipid molecule with double hydrocarbon tails would interact more strongly with GlpG than 
a detergent with a single tail. However, lipids interacted with the protein more weakly than 
detergents (DGoSolv,Lip = –0.50 ± 0.02 kcal/mol vs DGoSolv,DDM120 = –0.85 ± 0.03  kcal/mol and 
DGoSolv,DDM150 = –0.61 ± 0.02 kcal/mol) (Fig. 4E). This weaker lipid interaction stemmed from the 
longer tR of lipid–lipid contacts and the comparable or shorter tR of protein–lipid contacts than the 
respective tR values of detergents. In a micelle, the increase of NA,DDM from 120 to 150 (i.e., an 
increase in micellar volume) led to the weakening of detergent interaction with the protein 
probably due to the increased detergent-mixing entropy and the stronger interaction between 
detergents in the larger micelle where detergent molecules were tightly packed (fig. S16). 
Interestingly, the solvation on the protein was similarly driven by the headgroup and tails for lipids 
whereas primarily by the tail for detergents (Fig. 4E). 

The MD simulations indicate that the bilayer, which is regarded as a natural solvent for 
membrane proteins, acts as a poorer solvent for the protein than nonnative micelles. The relatively 
weak lipid–protein interaction was mainly due to the lipid–lipid interactions being stronger than 
the detergent–detergent interactions (Fig. 2D), facilitating the dissociation of lipids from the 
protein (Fig. 4E). Thus, it is a plausible mechanism that the inefficient lipid solvation allows the 
intraprotein interactions to outweigh the lipid–protein interactions, leading to the stabilization of 
the compact native state (Figs. 1 to 3). That is, the residue interactions needed for stabilizing the 
protein’s native structure are strengthened due to the weak lipid–protein interaction that would 
otherwise favorably solvate the denatured state. 

Impacts of membrane properties on the folding of a b-barrel membrane protein 
Finally, we tested whether the observed modulation of stability and cooperativity by membrane 
properties can be a working hypothesis for the folding of other types of membrane proteins. 
Accordingly, we employed a b-barrel membrane protein, OmpLA, which is evolutionarily 
unrelated to GlpG. The reversible folding of OmpLA has been established using guanidine 
hydrochloride (GdnHCl) as a denaturant in a 1,2-dilauroyl-sn-glycero-3-phosphocholine 
(DC12PC) bilayer (85-87). Here, we achieved the reversible folding in a 1,2-diundecanoyl-sn-
glycero-3-phosphocholine (DC11PC) bilayer (fig. S17). In the unperturbed states, the DC11PC 
bilayer has a smaller hydrophobic thickness than the DC12PC bilayer (~18 Å vs ~20 Å) (88).   

We first investigated how the change in bilayer thickness affects the conformational 
dynamics of OmpLA and lipids using all-atom MD simulations. OmpLA in the DC11PC bilayer 
displays larger backbone fluctuations (RMSD: ~2 Å vs ~4 Å) and a broader distribution of the tilt 
angles relative to the membrane normal (q : 0 o to 20o vs 0o to 30o) than in the DC12PC bilayer 
during the simulation (~100 ns) (Figs. 5A and 5B). Moreover, compared to the DC12PC bilayer, 
the time-averaging of lipid conformation in the DC11PC bilayer shows a stiffening of the aliphatic 
chains of the solvating lipids, leading to the noticeable thickening defect in the extracellular leaflet 
around the protein (Fig. 5C).  
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The equilibrium folding data were fitted to a three-state model with the native (N), 
intermediate (I), and unfolded (U) states (86) (Fig. 5D; table S5). In the DC12PC bilayer, the 
transition free energies of OmpLA without GdnHCl were DGoN-I,l,w = –5.4 ± 0.5 kcal/mol between 
the N and I states, both of which were formed in the membrane, and DGoI-U,l,w = –26.4 ± 0.1 
kcal/mol between the I state in the membrane and the U state in the aqueous phase, yielding the 
total free energy change of DGoN-U,l,w = –31.8 ± 0.6 kcal/mol (Fig. 5E) (86). Compared to the 
DC12PC bilayer, the DC11PC bilayer substantially destabilized both the N and I states by 6.1 
kcal/mol and 10.0 kcal/mol, respectively (Fig. 5E). The degree of surface exposure of protein 
during an unfolding transition is translated into the degree of cooperativity of the transition (89). 
When the surface exposure of OmpLA was evaluated by the m-value (d(DGounfold)/d[GdnHCl]) 
(Fig. 5E) (89), a major portion of the protein surface area was exposed during the I-to-U transition 
in the DC12PC bilayer (mI-U = 7.2 kcal/mol·M-1 vs mN-I = 2.0 kcal/mol·M-1 for N-to-I). In contrast, 
a similar surface area was exposed during the N–to–I and I–to–U transitions (mN-I and mI-U = ~4.5 
kcal/mol·M-1) in the DC11PC bilayer.  

Taken together, compared to the hydrophobic mismatching condition in the DC11PC 
bilayer, the hydrophobic matching between OmpLA and the DC12PC bilayer led to the 
stabilization of the N and I states in the membrane. The hydrophobic matching also induced the 
smaller degree of surface exposure of the I state in the membrane and the larger cooperativity of 
the unfolding transition involving the transfer of the I state from the membrane to the aqueous 
phase. This result indicates that the modulation of protein stability and cooperativity by the 
physical properties of a bilayer can be a common principle to both b-barrel and a-helical 
membrane proteins. 

Discussion and Perspectives 
Here, we demonstrated the profound impact of hydrophobic environments on the folding and 
cooperativity of membrane proteins. Compared to micelles, lipid-enriched bicelles increase protein 
stability by promoting the residue burial in the protein interior and by strengthening the 
cooperative network. This enhancement of stability and cooperativity is linked to the formation of 
a lipid bilayer in a bicelle, involving the improved hydrophobic matching with the protein, the 
increased strength of amphiphile–amphiphile packing, and the weakening of the solvation 
interaction between the protein and amphiphiles, compared to micelles. These physical properties 
conferred by lipids may provide the formative forces for the folding energy landscape and the 
cooperative network of membrane proteins, unique from other types of amphiphiles. Thus, while 
the fold of membrane proteins is encoded by the amino acid sequence, the energetics of intraprotein 
interactions depend on the properties of the hydrophobic environment solvating the proteins. 

Previously, we have shown that the bilayer induces contraction of the denatured state of 
GlpG allowing partial association of the TM helices (10). In this study, we observed that the lipid 
environment facilitates the burial of residues in the protein interior, enhancing stability. These 
results point to a “lipophobic effect” (i.e., an aversity of protein for lipids) in the membrane 
analogous to the hydrophobic effect in water. That is, the lipid environment tends to induce 
compaction of the polypeptide chains inserted in the membrane but not their collapse (10). Our 
MD simulation predicts that the solvation free energy of lipids on the protein (DGoSolv = ~–0.5 
kcal/mol per lipid molecule) is comparable to the thermal energy (~0.6 kcal/mol). Thus, protein 
interactions encoded by the amino acid sequence, which are either global or local, intra- or 
intermolecular, specific or nonspecific, can drive compaction if their strengths surpass thermal 
fluctuations. 
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Theories suggest that the lipophobic effect stems from perturbations of lipid conformation 
(e.g., the immobilization, stretching, and compression of lipid molecules) around proteins relative 
to the bulk lipids (19, 90-92). The release of the perturbed lipids to the bulk fluidic bilayer is 
entropically favorable, thereby driving the association of proteins to reduce the total lipid-
accessible protein surface area. While this entropic effect is expected to exist for the folding of 
membrane proteins in various amphiphilic assemblies, our comparative study implies that lipids 
have a larger ability to drive folding than detergents. Although quantitative analysis of the entropic 
effects of amphiphiles is beyond the scope of this study, the correlation between GlpG stability 
and the strength of amphiphile–amphiphile packing suggests an additional physical mechanism: 
the large membrane tension caused by the relatively strong lipid–lipid interaction in the bilayer 
drives the compaction of the expanded denatured state to the native state by facilitating the release 
of the solvating lipids on the denatured state to the lipid–lipid packing network in the bulk. 

The hydrophobic thickness mismatch between the bilayer and an embedded protein (or a 
single TM helix) has been recognized as an important driving force for oligomerization of large 
membrane proteins (23, 25, 26) or single-spanning TM helices (27, 28). Our study presents the 
first experimental evidence that the same physical force can modulate the stability of multi-
spanning membrane proteins including both a-helical and b-barrel types. This modulatory effect 
by hydrophobic environments may be general to other types of amphiphilic assemblies, not limited 
to the lipid bilayer. For example, micelles are regarded as a highly dynamic assembly undergoing 
shape fluctuation, chain disordering, and an exchange of detergent molecules with the bulk water 
(93). Hence, one might expect that micellar shapes could readily be adapted to various structural 
features of membrane proteins. However, we show that if the intrinsic hydrophobic thickness of a 
micelle does not match with that of a protein, an adjustment of the micelle’s thickness to the 
protein’s incurs an energetic cost, leading to destabilization of the protein (Fig. 2). Thus, the 
physical characterization of amphiphilic assemblies will be beneficial efforts to the optimization 
of membrane protein stability for structural and functional studies (54, 63, 69, 94, 95). 

The structures of GlpG crystallized in detergents and bicelles are essentially identical 
(RMSD: 0.65 Å) (96), indicating that GlpG has a robust structural fold and the key intraprotein 
interactions that stabilize the fold are preserved in the two hydrophobic environments. If the fold 
of a membrane protein is not stable enough, micelles and lipid environments may induce different 
structures due to the distinct physical constraints on the protein. Such examples have been 
thoroughly discussed in the previous literatures (43). 

The cell membranes are composed of a diverse set of lipids with different headgroups, 
aliphatic chain lengths, and degrees of chain unsaturation, which collectively confer a distinct 
global or local hydrophobic thickness on each membrane (32, 35, 97). An X-ray scattering study 
indicate that the average hydrophobic thickness of an organelle membrane containing proteins 
significantly deviate from those depleted of proteins by up to ~5 Å (97). This implies that the 
hydrophobic thicknesses of membrane proteins are not naturally matched with those of the 
membranes, consistently inducing strains on the membranes (97). Recent lipidomic, MD 
simulation, and protein conformational studies point out that certain types of lipids can 
preferentially partition on the membrane proteins modulating their oligomerization, activity, and 
conformational equilibrium (23, 98-100). Considering the negative impact of the hydrophobic 
mismatch on membrane protein stability observed in this study, it is plausible to hypothesize that 
the local membrane deformation by hydrophobic mismatch can be relieved to an extent through 
the preferential partitioning of hydrophobically matching lipids to the protein surface in the 
heterogeneous cell membranes (23). 
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In this study, the bilayer thickness and the strength of lipid packing do not exceed those of 
the DMPC bilayer. Thus, it is an open question, how the two competing forces (i.e., the thickness 
mismatching as a destabilizing force and the increased lipid packing as a stabilizing force) would 
impact protein stability if the bilayer thickness further increases. For an investigation of broader 
environmental effects induced by various types of lipids, the establishment of a detergent-free lipid 
bilayer system for stability measurements will be necessary. We interpreted the amphiphile and 
mutational effects on protein stability mainly in the context of the native structure of the protein. 
However, it is an essential future task to investigate how lipid and water molecules solvate the 
denatured states and how they impact the folding energetics of membrane proteins. 

Finally, the lipid-induced enhancement of cooperativity both sheds light and cast shadows 
on the function, folding, and quality control of membrane proteins. For function, many membrane 
proteins such as ion channels, transporters, receptors, and enzymes require conformational changes 
(e.g., helix tilting, rotation, domain/subdomain rearrangement, etc.) upon external stimuli, which 
span the entire length of the protein (101-103). Our results indicate that the bilayer is a conducive 
medium to an efficient transmission of local structural perturbation throughout the protein, which 
can facilitate such conformational changes in a cooperative manner, thereby benefitting protein 
function.  

In contrast, the efficient propagation of a local structural perturbation through the 
strengthened cooperative network can render the conformational integrity of membrane proteins 
particularly vulnerable to missense mutations in cells. Most of disease-causing mutations on 
proteins are known to be detrimental to protein stability rather than to directly disrupt active-site 
residues (104-107). Interestingly, the mapping of disease-causing mutations on the structures of 
G-protein coupled receptors, ion channels, and transporters shows a strong bias of finding disease 
mutations toward the residues in the TM regions rather than those in the extramembraneous 
regions (108). In the TM regions, this bias is even more pronounced for the residues buried in the 
protein interior than for the residues exposed to lipids (108). Our results showing the amplification 
of destabilizing effects by internal mutations on GlpG and the strengthened cooperative network 
in the bilayer environment may provide a physical basis for explaining the biased distribution of 
disease mutations in the interiors of membrane proteins.  
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Fig. 1. Thermodynamic stability of GlpG using steric trapping. (A) Steric trapping scheme. 
GlpG is labeled with the biotin tags (BtnPyr) at two specific residues, which are close in space in 
the native state and distant in the amino acid sequence. A first monovalent streptavidin (mSA, 
the tetramer with only one active biotin-binding site) binds unhindered to either biotin tag 
(DGoBind). Due to the steric hindrance with the first bound mSA, a second mSA binds when the 
tertiary contacts between the biotinylated sites are spontaneously unraveled. The affinity of mSA 
to the biotin tag can be controlled by amino acid substitution on the active subunit in mSA. The 
coupling between GlpG denaturation and mSA binding attenuates the second binding (DGoBind + 
DGoN-D). N: native state; D×mSA2: denatured state with two bound mSA; DSE: denatured state 
ensemble; mSADAB: mSA labeled with dabcyl quencher. (B) Structure of GlpG annotated with 
the secondary structural elements, N- and C-subdomains, the positions of the biotin pair, and the 
catalytic dyad for proteolysis (Ser201/His254). (C) Scheme for testing the reversibility of GlpG 
folding and mSA binding. (D) Binding isotherms between the double biotin variants of GlpG and 
mSADAB-E51S. GlpG activity for the TM model substrate, LYTM2, is overlayed. (E) The 
subdomain stability of GlpG in DDM micelles (61) vs DMPC:CHAPS bicelles. Errors denote ± 
SEM (N = 4). (F) DEER spectroscopy. Dipolar evolution data were fitted to yield the interspin 
distances. The error bar at each distance denotes ± SD of the fitted probability. “DEER limit”: 
the maximal nominal interspin distance detectible with confidence. “rMed”: the median interspin 
distance. 
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Fig. 2. The relationship between the stability of GlpG and the physical properties of bicelles 
measured as a function of lipid content. The lipid content, qeff, in DMPC:CHAPS or 
DMPC:DHPC bicelles was calculated using the fixed critical bicelle concentrations (Eq. 7, 
Methods). (A) Stability (–DGoN-D) of the double-biotin variant of GlpG, 95N172M–BtnPyr2. The 
qeff was varied either by fixing the total amphiphile concentration (DMPC:DHPC or 
DMPC:CHAPS) at 3 m/v-% or by diluting the bicelle solution at q = 1.5 (DMPC:CHAPS) to the 
final total amphiphile concentrations of 1 m/v-% to 4 m/v-%. (B) The bicelle thickness (L: the 
average headgroup–headgroup distance along the short axis of an oblate-ellipsoidal model) 
measured by small angle X-ray scattering. The thickness of DDM micelles was adapted from 
Ref. (63). (C) The gel–fluid phase transition temperature measured by fluorescence anisotropy of 
diphenylhexatriene (DPH) incorporated into amphiphilic assemblies. The data for DHPC:DMPC 
was adapted from Ref. (54). Errors denote ± SEM (N = 3 or 4). (D) Generalized polarization 
(GP) of Laurdan incorporated into amphiphilic assemblies.  
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Fig. 3. Mutation-induced stability changes (DDGoN-D,WT-Mut’s) and cooperativity profiling of 
GlpG in micelles vs bicelles. (A) (Left) All DDGoN-D,WT-Mut values measured at N- (95N172M) 
and C-subdomains (172M267C) in micelles vs bicelles. (Right) DDGoN-D,WT-Mut values depending 
on the location of the biotin pair. (B) DDGoN-D,WT-Mut values depending on the location of the 
biotin pair and on the degree of burial of the mutated residues. “Buried”: fASA, the fraction of 
solvent-accessible residue surface area = 0; “Partially buried”: 0 <fASA £0.1; “Exposed”: fASA 
>0.1). Errors denote ± SD from fitting. The statistical significance of difference in correlation 
slope (m) was evaluated using Chow’s test (NS: p >0.05; *: p £0.05; **: p £0.005). The r denotes 
Pearson’s coefficient. (C) Cooperativity profiles mapped on GlpG structure. The color code of 
each residue’s cooperativity profile: “cooperative” (green, ½DDDG½≤ RT = 0.6 kcal/mol), 
“moderately localized in N-subdomain” (tin, 2RT≥ DDDG> RT), “localized in N-subdomain” 
(blue, DDDG> 2RT), “moderately localized in C-subdomain” (orange, –RT> DDDG≥ –2RT), and 
“localized in C-subdomain” (red, –2RT> DDDG). The cooperativity profiles of 20 residues in 
micelles have previously been assigned (61) (table S3).  
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Fig. 4. All-atom MD simulation of GlpG in the lipid bilayer and micelles. (A) The RMSD of 
the backbone heavy atoms. (B) The RMSD (t) of lipid or detergent conformation in the bulk 
amphiphilic assemblies as a function of time lag t. (C) The residue RMSF in each environment. 
DDM120: NA,DDM = 120; DDM150: NA,DDM = 150. NA,DDM: the aggregation number of DDM 
molecules in each micelle model. (D) Structural snapshots displaying the solvation dynamics of 
amphiphiles on GlpG in the DMPC bilayer and DDM micelles. 40 lipid or detergent molecules 
(green) in the first solvation shell of GlpG (orange) at the simulation time, t = 0.2 µs, are tracked 
as a function of time. In all snapshots, the viewing angle and orientation of GlpG (i.e., from the 
extracellular side) are fixed. (E) The contact autocorrelation on time for measuring the residence 
time (tR) of lipid or detergent molecules on GlpG or on themselves (left). The contacts were also 
separately monitored for the headgroup (middle) or tail (right) regions of amphiphiles. Each data 
was fitted to a triple-exponential decay function (solid lines) (table S4). Errors denote ± SD from 
fitting.   
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Fig. 5. All-atom MD simulations and the stability of the b-barrel membrane protein, 
OmpLA, in DC12PC and DC11PC bilayers. (A) The RMSD of the backbone Cα atoms. (B) 
The distributions of the tilt angle (q) between the molecular axis of OmpLA and the membrane 
normal. (C) The time-averaged lipid configurations sampled in the simulations. Black arrows 
indicate the bilayer thickening defects. (D) The folding titrations of OmpLA. Errors denote ± 
SEM (N = 3). The GdnHCl-titration data were fitted to a three-state equilibrium folding model 
(Eq. 18, Methods). (E) The folding free energy landscape of OmpLA. The free energy level of 
each state and the m-value for each transition were obtained from the fitting of the GdnHCl-
titration data in Fig. 5D. The unfolded state (U), which partition to the aqueous phase, was used 
as a reference state.  
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